In vivo single-molecule fluorescence and Förster resonance energy transfer (FRET) techniques are excellent tools for studying spatial distribution, the nanoscale structure and conformational changes in living cells. We have recently introduced an electroporation-based method to internalize DNA and proteins labeled with organic fluorophores into living bacteria and established the ability for long-lived single-molecule fluorescence and FRET measurements. However, further developments, such as optimization of electroporation conditions, evaluation of organic fluorophore performance in vivo and quantitative single-cell FRET analysis, are needed to make the method more robust and general. Using singly-labeled DNA fragments, we optimized internalization efficiency and cell viability at six electroporation voltages, achieving 460% loading and viability similar to non-treated cells. We characterized the photostability and brightness of three donor fluorophores and four acceptor fluorophores in vivo; Cy3B, Atto647 and Atto647N performed best with photobleaching lifetimes of B20 s, 46 s and 92 s, respectively, and brightness values of B4000 photons per second under the same illumination conditions. We used three doubly-labeled DNA FRET standards (having in vitro FRET efficiencies of B17%, B42%, and B88%) and an alternating-laser excitation scheme to measure apparent FRET efficiencies at the single-cell level. We showed that we could differentiate DNA FRET standards at the single-cell level. Our approach offers a powerful method for the study of intramolecular changes or complex formation using FRET at the single-cell level in live bacteria.
Introduction
Single-molecule fluorescence studies have been used to investigate the protein copy number, localization and diffusion patterns within the cell and have helped to understand cellular processes such as gene expression, regulation and membrane transport. 2 Single-molecule Förster resonance energy transfer (FRET) studies can measure conformational changes at the biologically relevant length scale of 2-10 nm with a resolution of B0.5 nm and have been used for instance to elucidate protein folding 3 and conformational states of enzymes. 4, 5 However, single-molecule fluorescence and especially FRET studies are often limited to in vitro conditions, since the labeled protein of interest has to be introduced into the living cell or has to be labeled inside the living cell. The latter is employed in most single-molecule fluorescence studies by fusing the protein of interest with fluorescent proteins (FPs) such as the green fluorescent protein and its variants. 6, 7 But FPs are limited by their lower brightness and photostability compared to their organic fluorophore counterparts. 6, 8 First, the higher photon budget and slower photobleaching rates make organic fluorophores better suited for single-molecule tracking studies than FPs. Second, organic fluorophores are the better option for FRET studies, since they are 100-fold smaller in volume and offer easier intra-molecular labeling via cysteine mutations than FPs. In vivo single-molecule FRET studies become possible by tagging the protein of interest with the favorable organic fluorophores in vitro and then delivering the specifically labeled protein into the living cell. Internalization methods such as scrape loading, 9 syringe loading, 10 and microinjection 11 have been presented for eukaryotic cells. In 2010, single-molecule FRET measurements using microinjection of proteins labeled with organic fluorophores into live mammalian cells were reported. 12 This method is not applicable to bacterial cells due to their small size (E. coli: 1-3 mm, microinjection needle diameter: 1 mm) and persistent cell walls. Internalization methods such as endocytosis, heat shock, 13 We recently, presented a versatile and high-throughput method to internalize 45-bp DNA fragments and proteins of up to 100 kDa labeled with organic fluorophores into E. coli by employing electroporation. 1 In this proof-of-principle study, we were able to count the number of internalized molecules per cell and achieved loading of up to 1000 molecules per cell. Aided by the brightness and photostability of the organic fluorophores, we were able to extend single-molecule tracking to 10 s and obtained a fluorescence observation time of 10 min in live cells -extending observation time in fluorescence studies by at least 10-fold compared to FP-based studies. Moreover, we performed initial single-molecule FRET studies of localized molecules in live E. coli. However, further characterization, such as a trade-off between cell viability and cell loading at different electroporation voltages as well as the characterization of suitable organic fluorophores for in vivo FRET studies are needed to make the method more robust and applicable.
Here, we used singly-labeled 45-bp dsDNA standards to study cell viability and internalization efficiency at six electroporation voltages; we also showed that we can achieve a good compromise between cell viability comparable to non-treated cells and cell loading. In order to study organic fluorophore properties in vivo, we internalized DNA standards singly-labeled with three donor fluorophores and four acceptor fluorophores into E. coli. We performed single-cell photobleaching measurements of heavily loaded cells to obtain fluorophore photostability and performed single-cell photobleaching analysis with singlemolecule sensitivity to obtain the fluorophore brightness. We evaluated the performance of the organic fluorophores and selected promising FRET dye pairs for further studies. Using an alternating laser excitation scheme, we also measured apparent FRET efficiencies at the single-cell level for low, intermediate and high DNA FRET standards (Fig. S1 , ESI †) and we were able to distinguish DNA FRET standards at the single-cell level; providing an easy assay to study intramolecular changes or complex formation using FRET at an ensemble level. This study should serve as a reference for choosing the electroporation voltage, organic fluorophores and FRET dye pairs depending on the application of interest and aid in applying the electroporation-based internalization method to study biological processes in bacteria using in vivo single-molecule fluorescence and FRET measurements.
Results
For internalization of DNA molecules into live bacteria via electroporation (Fig. 1A) , we added the labeled DNA standards to electrocompetent cells and exposed the cell suspension to the discharge of a high-voltage electric field. Transient pores were formed through which the labeled DNA molecules could A clear increase in loading (blue curve) from (15 AE 2)% at 1.0 kV to (60 AE 7)% at 1.8 kV was observed; cells were considered as loaded when the initial cell intensity normalized by the cell area was larger than the mean plus three times the standard deviation (stdev) of non-electroporated cells. The graphs in B and C show the mean and stdev of 3 data sets; 1 data set: 300-500 cells per electroporation voltage. Scale bar: 3 mm.
enter the cell. The cells were quickly recovered in a rich medium and the non-internalized DNA molecules were washed off before imaging (ESI †).
Dependence of cell viability and loading on electroporation voltage
First, we electroporated 2 mM singly-labeled dsDNA-Cy3B into E. coli and checked the dependence of cell viability on the applied electroporation voltage. For measuring cell viability, we followed the growth and division of cells in the brightfield image over the course of up to 1.5 h and classified cells as 'growing & dividing', 'not growing' and 'damaged'. Cells were classified as 'damaged' if they showed a compromised cell membrane in the brightfield image and cells were classified as 'not growing' if they looked intact but did not grow or divide during our observation time.
Under our imaging conditions, rich medium agarose pads heated to 37 1C, we observed (81 AE 7)% of 'growing & dividing' cells in our non-electroporated sample (Fig. 1B, gray bar) . With increasing electroporation voltage, we observed a decrease in percentage of 'growing & dividing' cells and an increase in percentage of 'not growing' cells (Fig. 1B, bottom) . However, we observed less than 3% of 'damaged' cells at all electroporation voltages. Under the harshest electroporation conditions of 1.8 kV, we still observed (56 AE 15)% of 'growing and dividing' cells and obtained a viability of B70% at 1.4 kV and 1.6 kV. The 3 data sets at each electroporation voltage were obtained on three different days and the large error bars of up to 15% show large sample-to-sample variations. Furthermore, the time window of observation after recovery is important, since cells might show different lag-times after electroporation where the cells will not divide and thus would be classified as 'not growing' using this viability assay.
Second, we studied cell loading due to internalization of 2 mM singly-labeled dsDNA-Cy3B at six different electroporation voltages. In the green fluorescence channel we could already see a clear increase of loaded cells with an increase in electroporation voltage (Fig. 1C, inset images) . Under these imaging conditions, (14.8 AE 1.5)% of cells were loaded at 1.0 kV and about 30% of the cells were loaded at 1.4 kV and 1.6 kV (Fig. 1C) . Here, we used a conservative loading threshold where cells were classified as loaded when the overall cell intensity normalized by the cell area was larger than the mean plus three times the standard deviation of non-electroporated cells. Using this loading threshold only (0.6 AE 0.4)% of nonelectroporated cells were classified as loaded, despite the higher autofluorescence of the cells in the green fluorescence channel (Fig. 1C, gray bar) . For further studies, we used an electroporation voltage of 1.4 kV, which offers a good compromise between sufficient cellular loading and high cell viability.
Photostability of organic fluorophores in vivo
Next, we evaluated the photostability and brightness of 7 organic fluorophores for their use in in vivo FRET studies. For simplicity, we present the photostability and brightness analysis for two example organic fluorophores Cy3B (green fluorescence channel) and Atto647 (red fluorescence channel). A similar analysis for Cy3 and Atto532 (green fluorescence channel), and Cy5, Alexa647, and Atto647N (red fluorescence channel) can be found in the ESI † (Fig. S2, S3, S5 and S6, respectively) .
We used the single-cell photobleaching lifetime of heavily loaded cells as a measure for photostability of the organic fluorophore in vivo. Therefore, we electroporated cells with a 1 mM concentration of singly-labeled dsDNA-Cy3B and dsDNAAtto647, respectively, and carried out single-cell photobleaching studies. The fluorescence decay of the total cell intensity normalized by the cell area was measured and single-cell photobleaching timetraces were obtained (Fig. 2, gray curves: raw data) . The raw single-cell photobleaching timetraces were fitted with a singleexponential (Fig. 2, red curves: fit) , since the photobleaching lifetime of the agarose pad/background itself was less than 1 s Single-cell photobleaching lifetime measurements of dsDNA-Atto647 (Main and inset as described in A). Acceptor fluorophore Atto647 showed a photobleaching lifetime of (46 AE 13; 44) s, whereas donor fluorophore Cy3B showed a photobleaching lifetime of (20 AE 9; 17) s; (mean AE stdev; median). Each data set consists of 300-600 cells.
and thus neglectable (Fig. S2A and S3A, ESI †) . We obtained a photobleaching lifetime for Cy3B of (20 AE 9) s, median: 17 s, and for Atto647 of (46 AE 13) s, median: 44 s. An extremely large photobleaching lifetime of (92 AE 37) s, median: 86 s, was obtained for Atto647N (Fig. S3D, ESI †) .
We also electroporated the fluorescent protein mCherry into live E. coli and after the same analysis obtained a photobleaching lifetime of (18 AE 5) s, median: 17 s, showing that the photostability of organic fluorophores and fluorescent proteins is similar under these illumination conditions (Fig. S4, ESI †) .
Brightness of organic fluorophores in vivo
We used the characteristic steps in single-cell photobleaching timetraces of sparsely loaded cells as a measure of fluorophore brightness in vivo. Therefore, we electroporated E. coli with a 10-30 nM concentration (30-100 times lower than in photostability studies) of singly-labeled dsDNA-Cy3B and dsDNAAtto647 to be able to observe single molecules inside the cells. Cells loaded with less than 6 fluorescent molecules were used for further analysis; single-step photobleaching timetraces were fitted by Hidden Markow Modeling (HMM) as previously described 1 and the photobleaching step heights were obtained . The single-Gaussian fit (blue) is centered at (4.5 AE 2.0) a.u., corresponding to a unitary fluorophore intensity of (3900 AE 1700) photons per second. Table 1 Comparison of organic fluorophore photostability and brightness of 3 donor (green channel) and 4 acceptor (red channel) fluorophores. Photostability analysis is shown in Fig. 2 and Fig. S2 and S3, ESI and brightness analysis is shown in Fig. 3 and Fig. S5 for up to 100 cells (Fig. 3 , left, blue curves: raw data, red curves: HMM fit). The center of a single Gaussian fit of the binned photobleaching step heights is the unitary fluorophore intensity, and corresponds to the in vivo brightness of a single fluorophore (Fig. 3, right) . We obtained a brightness value of (3400 AE 1500) photons per second for Cy3B and (3900 AE 1700) photons per second for Atto647. The brightness of mCherry could not be obtained under these illumination conditions, since at such low copy numbers, the single-cell photobleaching timetraces were too noisy and no single-step bleaching events were picked up by HMM analysis. For dsDNA-Cy3, we still detected single photobleaching steps using HMM analysis and obtained a brightness value of about 2800 photons per second (Fig. S5A, ESI †) . Thus, we concluded that the brightness of mCherry is lower than 2800 photons per second.
The fluorophore performance after photostability and brightness analysis is summarized in Table 1 and the organic fluorophores are evaluated for their use in in vivo singlemolecule fluorescence and FRET studies. At this point, long observation times and a high localization precision are the main requirements of the organic fluorophore for our in vivo FRET studies. Thus, very photostable and bright organic dyes aid towards obtaining long single-molecule FRET timetraces with very high localization precision, since lateral localization precision scales with 1/ON where N is the number of photons per frame. 17 Evaluating the dye performance using these criteria, we selected Cy3B-Atto647 and Cy3B-Atto647N as FRET dye pairs and used these two FRET dye pairs in our single-cell FRET studies.
In vivo single-cell FRET studies
The idea of single-cell FRET studies is to evaluate different FRET states or FRET changes on the overall cell level. The evaluation of FRET at the cell level is much easier than working at the single-molecule level, and could also be used to get a quick overall picture of your system of interest in live bacteria. We used low, intermediate and high FRET DNA standards with in vitro single-molecule FRET values of B17%, B42% and B88% (Fig. S1 , ESI †) and used an alternating laser excitation scheme (ALEX; ref. 18) . ALEX gives direct access to the stoichiometry of donor-only, acceptor-only and FRET populations and thus is of great use for initial single-cell FRET characterization.
To characterize FRET at the cell level, we electroporated E. coli with 1 mM dsDNA FRET standards Cy3B-Atto647N; Fig. 4A shows an example field-of-view using an ALEX scheme. Using automated cell segmentation and FRET analysis routines (ESI †), in vivo single-cell FRET distributions (Fig. 4B) were in good agreement with expected in vitro FRET values. The difference between low, intermediate and high single-cell FRET distributions is smaller than that for the in vitro values; we attribute the difference to an overall correction for cellular autofluorescence of non-treated cells used throughout the whole data set in the automated analysis. Especially, the single-cell FRET values for the high FRET DNA standard show a very wide distribution, which could also be explained due to faster acceptor photobleaching and DNA degradation.
To look into this in more detail, we electroporated different high FRET DNA standards such as dsDNA Cy3B-Cy5, Cy3B-Atto647 and Cy3B-Atto647N with in vitro single-molecule FRET values of B85%, B87% and B88% (Fig. S1 , ESI †) and carried out single-cell FRET studies using an ALEX scheme. We manually analyzed cells showing high signals in the DA/FRET channel and thus potentially high single-cell FRET values (Fig. 4C) . Having fewer statistics, we were still able to retrieve high single-cell FRET populations for Cy3B-Atto647 and Cy3B-Atto647N DNA FRET standards (Fig. 4C, middle and right) . A donor-only population was observed for Cy3B-Cy5 due to fast acceptor photobleaching, photoswitching and leakage of donor fluorophore signals into the FRET channel, which appeared as a FRET signal. This is in good agreement with photostability studies in Fig. S3 , ESI † and Table 1 , where we observed 5-fold to 10-fold faster photobleaching of Cy5 compared to Atto647 and Atto647N, respectively.
Nevertheless, we obtained benchmarks for in vivo single-cell FRET studies using Cy3B-Atto647 and Cy3B-Atto647N as FRET dye pairs and were able to differentiate low, intermediate and high single-cell FRET states in vivo. This single-cell FRET assay provides an attractive way to study intramolecular changes in biomolecules or intermolecular interactions of biomolecules (binding and unbinding, complex formation) on the cellular basis over hundreds of living cells at a time.
Conclusions
First, we studied the viability and loading of electroporated cells dependent on the applied electric field strength for six different electroporation voltages. We were able to maintain a viability of 70% at 1.4 kV and 1.6 kV, and obtained more than 60% loading at 1.8 kV. Cellular loading was studied 1.5 h after electroporation and cell recovery where the cellular fluorescence cuts in half with each division cycle (B30 min division time). Looking at loading of dsDNA standards directly after electroporation with only a 20 min recovery time, we previously achieved internalization efficiencies of 490% at 1.8 kV. 1 Second, we studied the photostability and brightness of seven organic fluorophores using single-cell photobleaching studies. The organic fluorophores showed similar brightness and Cy3B, Atto647 and Atto647N performed best; showing photobleaching lifetimes of about 20 s, 45 s and 90 s. We would like to mention that Atto647N is hydrophobic and thus is known to stick to cell membranes, which has to be checked for any in vivo study. 19 The presented single-cell photobleaching analysis can be used as a general method to screen for labels (organic fluorophores or fluorescent proteins) for their use in single-cell and single-molecule fluorescence studies in live cells.
In our single-cell FRET studies we used Cy3B-Atto647 and Cy3B-Atto647N as FRET dye pairs. We were able to distinguish low, intermediate and high FRET states in vivo using dsDNA FRET standards. While characterizing single-cell FRET signals using DNA FRET standards, we faced two problems, (i) fast acceptor photobleaching and (ii) DNA degradation, which both led to the decrease of FRET signals at the cell level.
DNA degradation could be caused by the recognition of blunt DNA ends as DNA breaks or short dsDNA fragments as non-endogenous molecules by endonucleases. In further studies, this could be overcome by using protected DNA standards where the two DNA strands are chemically linked on both ends or by using small doubly-labeled proteins as FRET standards. Since the internalization of proteins via electroporation cannot be generally treated and often requires certain optimization steps, 20 electroporating doubly-labeled dsDNA is still the best option to characterize FRET signals in live bacteria. Single-cell FRET studies provide an easy-to-use and quick assay to study intramolecular or intermolecular changes at an ensemble level within many cells and thus could be used to study for instance complex formation, protein-protein interactions, and gene expression. Such single-cell FRET studies allow a quick screening of FRET states of many cells over many generations.
The next step is to study FRET at the single-molecule level in living bacteria to investigate molecular heterogeneity and links for instance conformational changes, i.e. changes in FRET, with molecular diffusion and the spatial organization of the biomolecules of interest. Here again, the use of an alternating laser excitation scheme is beneficial, since it gives direct access to donor and acceptor-only species and enables us to correct single-molecule FRET values for donor and acceptor leakage into the respective other fluorescence channels. 18 
